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ABSTRACT: The reorientation and hydrogen-bond dynamics of water
molecules within the hydration shell of a B-DNA dodecamer, which are of
interest for many of its biochemical functions, are investigated via
molecular dynamics simulations and an analytic jump model, which
provide valuable new molecular level insights into these dynamics.
Different sources of heterogeneity in the hydration shell dynamics are
determined. First, a pronounced spatial heterogeneity is found at the DNA
interface and explained via the jump model by the diversity in local DNA
interfacial topographies and DNA−water H-bond interactions. While most
of the hydration shell is moderately retarded with respect to the bulk,
some water molecules confined in the narrow minor groove exhibit very
slow dynamics. An additional source of heterogeneity is found to be
caused by the DNA conformational fluctuations, which modulate the
water dynamics. The groove widening aids the approach of, and the jump to, a new water H-bond partner. This temporal
heterogeneity is especially strong in the minor groove, where groove width fluctuations occur on the same time scale as the water
H-bond rearrangements, leading to a strong dynamical disorder. The usual simplifying assumption that hydration shell dynamics
is much faster than DNA dynamics is thus not valid; our results show that biomolecular conformational fluctuations are essential
to facilitate the water motions and accelerate the hydration dynamics in confined groove sites.

■ INTRODUCTION

The layer of water molecules surrounding a double-stranded
DNA plays an essential role in both preserving the DNA
structure and ensuring its proper biochemical function. DNA’s
conformation depends sensitively on the hydration level: upon
dehydration, the iconic double-helical B-form is replaced by
other conformations.1 The hydration layer further protects the
delicate double-helix structure from an excess of heat, and
provides efficient, rapid dissipation of energy resulting from e.g.
a UV photon absorption before it breaks the hydrogen-bonds
(H-bonds) between DNA bases.2 The hydration layer is
moreover involved both in processing the genetic information
encoded in DNA, e.g., in the recognition and binding of
restriction enzymes, and in DNA−ligand interactions,3,4

including protein binding5 and perhaps most notably the
intercalation of anticancer drugs between DNA base pairs.6,7

Such processes require a significant displacement and
rearrangement of water molecules surrounding the DNA.
The properties of DNA’s hydration shell have thus been

extensively studied,1,3,8−36 with special attention devoted to its
dynamics. Despite considerable progress, important aspects of
the molecular character of these dynamics remain unclear;
further, consensus has not yet been achieved on the molecular
originor sometimes even the existenceof some dynamical
features. A key question in the latter category is the potential

presence of some very slow water molecules in the vicinity of
DNA. Both issues are relevant for the processes mentioned
above. For example, these slower dynamics could induce an
important friction on ligand approach and affect the binding
kinetics,37 or impede motion over the transition state in drug
interaction.6

A broad range of techniques has been employed to probe
nucleic acid hydration dynamics, including time-dependent
Stokes shift (TDSS) experiments,9,12,13 NMR,8,11,14−18 and
ultrafast infrared19,20 spectroscopies, dielectric relaxation,21

neutron scattering,38,39 and molecular dynamics simula-
tions.10,22−32,40

Magnetic relaxation dispersion experiments8 on a DNA
dodecamer duplex led to the conclusion that water dynamics
within the DNA hydration layer experience on average a
moderate 6-fold slowdown factor with respect to the bulk at
ambient temperature (without revealing the source of this
slowdown); the exception is a set of five water molecules with
much longer estimated residence times (∼200 ps). These very
slow water molecules were tentatively located in the DNA
minor groove, where an X-ray study had revealed a string of
ordered water molecules, termed the “spine of hydration”.34
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TDSS experiments9,12,13 offered the first time-resolved
picture of DNA hydration dynamics, by probing the solvation
dynamics of a synthetic DNA base or a groove-bound
chromophore. Beyond more rapid dynamics, a “slow”
component was measured in different TDSS relaxation
experiments, but with a very large span of measured time
scales, ranging from 20 ps9,12 (i.e., 15 times slower than in bulk
water) to tens of ns.13 The moderately slow 20 ps component
was assigned to strongly DNA-bound ordered water mole-
cules.9 But there is not agreement on this point (see, e.g., refs
30 and 41), since subsequent simulations concluded this 20 ps
time scale to instead arise from slow DNA conformational
motions.30

Molecular dynamics simulations suggested that the water H-
bond dynamics and residence time within the DNA hydration
shell span a broad range of time scales, with a slow component
ranging between a few tens and a few hundreds of ps (see, e.g.,
refs 10 and 32), but its origin has remained largely elusive.32

These results show that there is no agreement on the time scale
and origin of any slow dynamics, as we noted initially.
In view of this wide span of divergent views and results, the

goal of the present study is to provide a comprehensive analysis
of water reorientation and H-bond dynamics in the DNA
hydration shell. We deal with the interpretation of the basic
molecular character of the dynamics on all time scales, but we
place a particular focus on the issue of the presence of especially
slow water dynamics and identify the molecular origin of these
dynamics.
The paradigm system selected for our investigation is the

Dickerson-Drew DNA dodecamer duplex d(CGCGAATTC-
GCG)2 (Figure 1a) whose hydration layer has already been
extensively studied.8,11,14,22,24,34 Using classical molecular
dynamics (MD) simulations, we first systematically determine
the water reorientation dynamics within the hydration layer, in
order to reveal how different DNA sites induce dramatically
different dynamical perturbations in the shell. The molecular
level aspects of the relevant DNA features responsible for the
different time scales of the hydration dynamics slowdown
compared to the bulk are identified through the molecular jump
model developed by two of us;42 this allows us to distinguish,
e.g., the respective roles of confinement, of excluded volume
effects and of the strengths of the H-bonds between water and

each DNA site. The interpretative power of the jump model
which connects the reorientation to the exchange of a water
molecule’s H-bond partnershas dictated our choice of the
water reorientation dynamics for examination rather than, e.g.,
time-dependent solvation dynamics. The reorientation dynam-
ics are also directly accessible via NMR relaxation experiments,
as noted above. We then focus on the sites where water
dynamics are the slowest, which we find located in the center of
the DNA minor groove. We show that the slow water dynamics
in these sites are strongly connected to DNA conformational
motions. The similar time scales of the DNA fluctuations and of
the water H-bond exchanges lead to a pronounced dynamical
disorder,43 whose molecular origin is finally elucidated.

■ RESULTS AND DISCUSSION
Spatial Heterogeneity. We first analyze the MD trajectory

of the DNA dodecamer in aqueous solution and probe the
dynamics of each water molecule within the DNA hydration
shell through the molecular reorientation time-correlation
function (TCF) measured in ultrafast infrared experiments,19

= ⟨ · ⟩C t P tu u( ) [ (0) ( )]reor 2 (1)

and its associated reorientation time accessible by NMR,8

∫τ =
∞

C t t( )dreor
0

reor (2)

Here u(t) is the vector direction of the water OH bond at time
t and P2 is the second-order Legendre polynomial. This
reorientation focus also has the advantage of allowing a detailed
molecular analysis via the molecular jump model,42 provided in
this work.
Figure 2 presents the reorientation TCF (eq 1) averaged

over all water molecules initially lying in the dodecamer’s first
hydration shell (see Methods). The semilogarithmic scale
underlines the important feature that the decay markedly
deviates from a single-exponential relaxation; this shows that a
broad distribution of time scales governs the hydration shell
dynamics, including slow components of multiple tens of ps,
and this implies the presence of one or more types of
heterogeneity.
In order to identify the microscopic origins of this

heterogeneity, we consider each DNA exposed site individually

Figure 1. (a) Schematic representation of the Dickerson-Drew DNA dodecamer, with the different nucleobases highlighted in color (adenine in blue,
thymine in orange, cytosine in green, and guanine in purple). (b) Pairs of nucleotides showing the nucleobases (black), the deoxyribose sugars
(green), and the phosphate groups (cyan).
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and calculate τreor (eq 2) for the subset of shell water molecules
closest to this site (see Methods). The resulting map of τreor
onto the dodecamer surface (Figure 3a) provides a global
description of DNA hydration dynamics, with unprecedented
molecular level resolution of its spatial heterogeneity, i.e.,
variations over the sites. Most of the hydration shell is found
to be only moderately retarded with respect to the bulk (τreor

bulk =
1.7 ps), e.g., next to the ribose groups (see Figure 1). The
slowest hydration dynamics are found in the narrowest part of
the minor groove, next to the adenine·thymine (A·T) base pairs
in the AATT center (see Figure 1). Sites in the major groove
and along the phosphate backbone (see Figure 1) induce a
more limited dynamical perturbation. (The magnitude and the
origin of the retardation induced at each DNA site are further
discussed below.)
The average slowdown experienced by shell water molecules

relative to the bulk is more easily quantified via the τreor
distribution in Figure 3b. Our calculations yield an average
retardation factor of ⟨ρ⟩shell = ⟨τreor⟩

shell/τreor
bulk ≃ 4 (Figure 3c), in

good agreement with the 5−6 value determined by NMR
outside the minor groove.8 This moderate average slowdown
results from the combination of several influences: the weak
perturbation (ρ < 4.5) experienced by a large fraction of the
shell and the more pronounced retardation (up to ρ ≃ 50)
affecting the rest of the shell (Figure 3b,c). We note that this
distribution is strikingly similar to distributions calculated44,45

for globular proteins; these also exhibit a large peak at moderate
slowdown values and a long tail corresponding to more
strongly retarded water molecules.
Turning to a more molecular perspective, the distribution of

reorientation times can be fruitfully decomposed by type of
DNA site, distinguishing between hydrophobic, H-bond donor
and H-bond acceptor sites (Figure 3b,c). These groups induce
different kinds of perturbation on water dynamics and this
categorization has already been shown to provide considerable
insight into the biomolecular context in prior work on protein
hydration shells.44,45 Hydrophobic sites include for example the
ribose carbon atoms, H-bond donor sites include the amino
(−NH2) groups on the nucleobases, and H-bond acceptor sites
include, e.g., the oxygen atoms in the phosphate backbone and
in the nucleobase carbonyls (see Figure 1b).

This decomposition is shown in Figure 3b, while Figure 3c
further providesfor each type of site (hydrophobic, H-bond
donor, H-bond acceptor) and for different locations of such
sites (e.g., on DNA bases in the minor groove)the mean
reorientation time and corresponding retardation factor,

Figure 2. Average reorientation TCF Creor(t) (eq 1) for a water
molecule initially in the DNA hydration shell (black), and during
intervals when it does not jump to a new water (red) or DNA (blue)
acceptor, or to any new H-bond acceptor (green).

Figure 3. (a) Mapping of the reorientation time τreor (eq 2) on the
DNA surface. (b) Probability distribution of τreor decomposed by type
of DNA site: hydrophobic site (black), H-bond donor (brown), and
H-bond acceptors respectively in the major (blue) and minor (red)
grooves, on the ribose (green) and phosphate (orange) groups. The
same distributions, with the same color code, are shown in the inset on
a log−log scale. (c) Water reorientation time and slowdown for each
type of DNA site, where each line shows the range of values and the
dot gives the average value.
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together with the range of slowdown observed for such sites.
This shows that the principal peak, containing approximately
73% of the hydration shell and exhibiting weakly perturbed
water dynamics (ρ < 4.5), arises mainly from hydrophobic
exposed sites, i.e., from the ribose and nucleobase carbon
atoms, with a minor contribution from H-bond donor sites, i.e.,
−NH2 groups in the nucleobases (see Figure 1b). The
intermediate peak at moderate slowdown values (4.5 < ρ <
10, peak absent in proteins44,45) contains ∼24% of the
hydration shell and corresponds to water reorientation at the
phosphate backbone sites. Finally, the small amplitude tail
extending to large slowdown values (ρ > 10) originates from
∼10 water molecules which are located in the spine of
hydration and which donate a H-bond to a minor-groove site,
e.g., to a thymine carbonyl oxygen atom (see Figure 1b). We
will show below that such slowdown factors for these different
types of sites should be expected from our prior work42 on the
effect of solutes on water dynamics. The reorientation times of
these slow water molecules (ranging from ∼20 to ∼80 ps) are
consistent with, although somewhat faster than, the ∼0.2 ns
correlation time obtained by NMR at ambient temperature.8

(We pause to note that NMR dispersion experiments probe the
single molecule water rotational dynamics and the comparison
with our reorientation times is therefore meaningful; this time
is usually designated as a residence time in the NMR literature
because of the simplified model used to analyze the spectral
density and that assumes that water reorientation is caused by
either the escape from the DNA hydration shell or the slow
DNA tumbling.8,46) These times are also in very good
agreement with prior reorientation and residence time
calculations (see, e.g., refs 10, 32, and 40).
We finally note that the reorientation of these water

molecules occurs on a time scale close to the 20 ps time
measured by TDSS.9 We do not find any water molecule
reorienting on the extremely slow (>1 ns) time scale observed
in some29,47 TDSS studies. The TDSS signal is sensitive to
long-range collective effects and to coupled water-DNA
motions, and this debated ns component has been suggested
to possibly arise, e.g., from specific DNA dynamics caused by
the structural damage induced by the synthetic base48 or from
ion atmosphere rearrangements.27,49 In contrast, our present
simulations show that the dynamics of individual water
molecules within the DNA hydration shell do not exhibit
such a ns component.
Molecular Origin of Spatial Heterogeneity. We now

provide a molecular interpretation of why and how the
hydration dynamics is influenced by DNA, and we identify

which molecular features induce the great variations visible in
Figure 3 in the reorientational slowdown among sites. Our goal
is to elucidate the respective importance of the DNA exposed
surface topography, of confinement and of the H-bond strength
in the perturbation. We will use the extended jump model for
water reorientation dynamics,42,50 which explicitly describes
these different effects. Two of us showed that the reorientation
dynamics of water are mostly governed by sudden large-
amplitude angular jumps occurring when a water OH group
switches H-bond acceptors42,50 (see Figure 4). This molecular
jump mechanism was established to apply not only in the bulk
but also in the vicinity of a broad range of solutes, including
ions,51 amphiphilic molecules,52,53 and proteins.44

We first confirm that angular jumpswhich exchange H-
bonding partner for the reorienting water OH bond50remain
the main mechanism for water reorientation in DNA hydration
shells. To this end, the standard reorientation TCF Creor (eq 1)
for all first shell water molecules is compared to Creor restricted
to the trajectory time intervals when the water molecules do not
execute a jump to a new H-bond acceptor (Figure 2). It is seen
that now reorientation is much slower without jumps: Creor

reaches a plateau value that reflects the limited range of
orientations accessible without exchanging H-bonds. This
establishes the jumps’ critical importance in reorientation. In
the absence of H-bond jumps, a water molecule can neither
leave the DNA first hydration shell to enter the bulk, nor
execute a large-amplitude rotation while staying in the DNA
first hydration shell. Further, we need to recognize that water
jumps can occur toward either another water molecule or
toward a DNA H-bond acceptor. However, Figure 2 shows that
jumps toward a water acceptor are much more important for
reorientation, since jumps to a DNA site do not allow the water
molecule to exit the hydration shell. We conclude that jumps to
water molecules are the dominant molecular mechanism
responsible for the reorientation dynamics. Therefore, the
heterogeneity in hydration shell reorientation dynamics must
be caused by a broad underlying distribution in water jump
times. This critical conclusion is also confirmed by the great
similarity between the distributions of reorientation and jump
slowdown factors in the shell (see Figures S2 and S3).
Jump H-bond exchanges can be viewed as chemical reactions

where an original H-bond is broken and a new one is
formed.42,50 The jump dynamics are probed by the probability
for an OH group initially stably H-bonded to a given acceptor I
not to have jumped to form a new stable H-bond with any final
acceptor F after a given delay. It is defined by

Figure 4. Schematic representation of the jump mechanism, shown for the example of a jump from a DNA H-bond acceptor to a water oxygen H-
bond acceptor. Such jumps can also occur from water to DNA, between two DNA acceptor sites, and between two water molecules in the vicinity of
DNA.
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= − ⟨ ⟩C t n n t( ) 1 (0) ( )j I F (3)

where in this TCF nI,F(t) = 1 if the OH bond forms a stable54

H-bond at time t respectively with the I,F acceptors (as
guaranteed by absorbing boundary conditions), and nI,F(t) = 0
otherwise.55 The jump time is then obtained by time-
integration of Cj for each DNA site τj = ∫ 0

∞ Cj(t)dt.
The jump free energy transition state barrier results both

from the initial H-bond elongationsensitive to the initial H-
bond strength−and from the new partner’s approachaffected
by the excluded volume induced for example by hydrophobic
groups and confinement; these two effects on the jump rate
constant have been incorporated in an extended jump model.50

Prior work employing this model has determined how jump
kinetics is affected by the presence of neighboring solutes.42 A
detailed investigation of the extended jump model for DNA
hydration dynamics focused on short time dynamics will be
presented elsewhere, but we already offer here a brief molecular
interpretation of the different slowdown factors in the
distribution Figure 3b.
The hydrophobic sites causing the large peak at ρ < 4.5 do

not form H-bonds with shell water molecules; rather, they
retard the jump dynamics by hindering the approach of a new
water acceptor. The slowdown induced by these hydrophobic
groups is determined within the jump transition state excluded
volume (TSEV) model52 by the fraction of jump transition
state configurations for a new water H-bond acceptor that are
blocked by the DNA dodecamer. Figure 5a shows how the
computed TSEV slowdown factor ρV

52 at each site compares
with the slowdown factor directly obtained in our simulations
ρjump = τj/τj

bulk. For hydrophobic and H-bond donor DNA sites,
the agreement between the TSEV model and the water
reorientation slowdown obtained from our simulations is fairly
good. This strongly supports the view that water dynamics at
these sites mainly depend on the local topography of the DNA
exposed surface. This excluded-volume factor explains why
convex sites protruding into the aqueous solution typically lead
to ρ < 252 while concave sites induce a larger slowdown ρ >
252,56 due to confinement.
For the reorientation of water next to H-bond acceptor

groups, the excluded volume alone is not sufficient to account
for the slowdown in the dynamics (Figure 5b). An especially
important instance of this is the water molecules next to the

phosphate backbone sites. Here the slowdown induced in these
sites’ hydration shell dynamics arises not only from the above-
described excluded-volume effect which remains limited (see
Figure 5b); it also has an important contribution from the
strength of the phosphate−water H-bond, which needs to be
activated by elongation to reach the jump transition state. This
H-bond is stronger than that between two water molecules
(see, e.g., ref 57) and causes an additional slowdown with
respect to the bulk,53 explaining the larger ρ values reported for
these exposed sites (4.5 < ρ < 10). The long-lived phosphate−
water H-bond that we find (with a ≃20 ps H-bond jump time)
is consistent with the 10 ps lower bound obtained via time-
resolved infrared spectroscopy of phosphate hydration
dynamics in aqueous solution58 and in phospholipid reverse
micelles59 (However, it does not corroborate an NMR study’s
suggestion of bulk-like dynamics around DNA phosphate
groups.18)
Finally, we found that an initial simple analysis was

insufficient to explain the behavior of the 10 very slow (10 <
ρ < 50) water molecules in the dodecamer minor groove. It is
these molecules that cause such a slow component in the
hydration shell dynamics (Figure 2) whose existence, time scale
and most of all whose origin have been subjects of
controversy.9,30,41 We will consider in detail the behavior of
these water molecules in the following; while they represent a
very small fraction of the hydration shell, their role in the
recognition, binding and intercalation processes may prove to
be critical since they lie next to the bases where the genetic
information is stored and which cover intercalation sites. As will
be seen, both the great confinement within the narrow minor
groove and the strong H-bonds with the nucleobases contribute
to their slow jump dynamics.

Dynamical Disorder Due to Conformational Fluctua-
tions. We have so far shown that the variety of both local
topographies and chemical natures of the DNA exposed sites
cause a broad distribution in the hydration shell dynamics.
However, this spatial heterogeneity is not the sole source of
shell dynamics heterogeneity. This clearly appears for the
hydration dynamics next to one given site at a time, without
spatial averaging. We elucidate these “single site dynamics” by
focusing on the jump dynamics probed by the jump TCF and
associated jump time as defined in eq 3.

Figure 5. Comparison of the computed TSEV slowdown factor52 ρV at each DNA site compared with the slowdown factor ρjump directly obtained in
our simulations, (a) for DNA hydrophobic and H-bond donor sites and (b) for H-bond acceptor sites. Phosphate acceptor sites are circled in green.
In both panels, the red line shows the ρV = ρjump reference. (For acceptors, the excluded volume factor gives a crude prediction of the slowdown
factor, because the strength of the initial H-bond should also be considered.)
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For sites well exposed to solvent, Cj(t) follows a single
exponential decay, shown for one such site (labeled η) in
Figure 6a. Thus, a single jump rate constant kj governs the

dynamics and Cj(t) = exp(−kjt). We then choose another site,
labeled Σ, now representative of H-bond acceptor sites in the
center of the minor groove, in the region rich in adenine·
thymine purine base pairs (see Methods). For this acceptor, in
contrast to the solvent-exposed site η, Cj exhibits a strongly
nonexponential decay (Figure 6a). We stress that this
nonexponential behavior is not due to spatial averaging (in
contrast with the result in Figure 2 and, e.g., in ref 32, see the
Supporting Information), because here we consider each site
individually. Evidently at this site an attempted jump rate
constant definition is not invariant with time in the trajectory,
andin the strongly nonexponential casea “rate constant”
no longer has an unambiguous meaning: any assigned value
would depend on the time interval considered. By contrast with
the spatial heterogeneity described above, we will call this
additional heterogeneity source a temporal heterogeneity, or
alternatelyas we will seea dynamical disorder in Zwanzig’s
stochastic analysis language.43

At each DNA site, the degree of temporal heterogeneity can
be conveniently determined by analyzing the observed jump
events via the distribution of H-bond lifetimes τHB. We define

here the (unconventional) lifetime as the time interval between
formation of a stable H-bond with its initial acceptor, and
formation of a new stable H-bond with a different acceptor (see
the Supporting Information). This definition thus properly
ignores transient breaks and has the further advantage of being
fairly insensitive to the precise definition of the H-bond. At a
site with a single kj value, the statistics is Poissonian and the τHB
distribution is exponential, p(τHB) = kj exp(−kjτHB). In contrast,
at sites with a range of kj values (see below), this heterogeneity
induces a departure from the exponential reference quantifiable
via the τHB distribution’s first and second moments through the
temporal heterogeneity parameter δ60

δ
τ
τ

=
⟨ ⟩
⟨ ⟩

−
2

1HB
2

HB
2

(4)

Figure 6b presents the map of δ at every DNA site (with δ = 0
by construction if no heterogeneity is present). It clearly shows
that while the temporal heterogeneity is very limited next to
solvent-exposed sites (e.g., the phosphate backbone), it is more
pronounced for a number of sites located in both grooves. A
moderate temporal heterogeneity is found in the major groove
(δ up to 0.55), while the strongest temporal heterogeneity
and thus the largest deviation from an exponential decay of the
jump TCFis found in the central part of the minor groove (δ
> 0.7), precisely where water dynamics are markedly slow.
In order to determine the molecular factors that cause this

heterogeneity, we now focus on the central minor-groove site Σ
in the A·T-rich region where δ is very large. We will contrast
dynamics for this site with those for the site designated σ on the
end of the minor groove, where the temporal heterogeneity is
very limited. (see Methods for site definitions). As will be
shown below, the ideas now developed also apply to the major
groove sites, although the temporal heterogeneity found there
is less pronounced.
We showed above that the water jump dynamics are sensitive

to the DNA exposed surface’s local topography. However, the
DNA interface’s shape is not fixed: it fluctuates with the DNA
conformational motions. The impact of these changes is
especially strong in the minor groove, where they affect the
degree of confinement and therefore the induced slowdown of
the water molecules. Figure 7a shows that for waters in the Σ
central minor-groove site, Cj(t) is very sensitive to the initial
minor groove width (Several groove width definitions exist; we
adopt one that probes the motions relevant for the water
dynamics (see Figure S5)).
It is important to stress the molecular origin of this

modulation of the jump dynamics by the groove width. The
jump model established that the approach of a new H-bond
partner is a key part of the rate-limiting step.52 Consequently,
the more narrow is the DNA groove, the slower are the jump
dynamics because the approach of a new H-bond partner is
increasingly hindered. The DNA movements thus do not
directly ”push” the water molecule that reorients; instead the
slow water dynamics results from narrow groove geometries.
This is markedly different from an interpretation that has been
suggested61 for TDSS experiments on protein hydration
dynamics. There the very slow changes in the water
contribution to the electronic transition energy were explained
by water molecules being displaced by very slow biomolecular
motions, so that the slow TDSS time scale would be the
biomolecular relaxation time. The situation here is in strong
contrast to this: suppression of the slow DNA motions by

Figure 6. (a) Site-resolved jump TCF (eq 3) (solid lines) for water
molecules initially H-bonded to one of the two acceptor sites Σ at the
center of the A-tract, in the minor groove (black) and for a solvent-
exposed hydrophobic site η (green), together with exponential fits
(dashes) on the 0−5 ps interval (see Methods for site definitions). (b)
Mapping of the temporal heterogeneity δ (eq 4) on the DNA surface.
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freezing the DNA conformation retards the jump dynamics
even more than when DNA is flexible (see Figure S13).
We pause to note that water molecules can adopt two

different H-bond arrangements in the narrow DNA minor
grooves. Waters can be either in a “bridging” configuration
where they donate two H-bonds to DNA sites (one per
hydrogen atom), or in a “nonbridging” configuration where

they donate one H-bond to DNA and another to a water
molecule.33−35 These two arrangements exhibit different
dynamical behaviors; we focus here on the “bridge” population
which dominates the overall A·T-rich region dynamics (see
Figure S6).
The DNA conformational motions can therefore affect the

jump rate behavior. We now present a simple stochastic model
that connects the DNA groove width fluctuations to the
nonexponential character of the water jump TCF and thus to
the temporal heterogeneity in the hydration dynamics, i.e., to
the dynamical disorder.43 We stress that the goal of this model
is not to yield a quantitative description of the heterogeneity; it
is instead to identify the key molecular factors explaining why
the temporal heterogeneity, i.e., the Cj nonexponential
behavior, varies dramatically over the different DNA sites.
We first determine a jump rate constant kj for different initial

groove width values w. For the stochastic model, we will define
this by the initial slope of the ln[Cj(t)

(w)] decay for a given
initial w. We then approximate the groove-width dependence of
this kj with a linear fit kj(w) = α + βw (see Figure S9). Since w
can vary with time, this rate constant now becomes a
parametric function of time. The jump TCF (eq 3) is a
survival probability which in our model we assume can be
numerically computed from the groove width time evolution
only,62

∫= ⟨ − ′ ′ ⟩C t k w t t( ) exp( [ ( )]d )j

t

j
0 (5)

Figure 7b shows that our simple model (eq 5) predicts a
strongly nonexponential Cj(t) and succeeds in capturing a large
fraction of the impact of the heterogeneity in the jump TCF
(eq 3) computed directly from the MD simulation. This
confirms that the site rate modulation by groove fluctuations
plays an essential role in the jump temporal heterogeneity
measured in the minor groove center and in the magnitude of
the average slowdown.
The degree of temporal heterogeneity in each DNA site

could fall between two possible limiting cases. The first limit
would arise if the relevant DNA structural dynamics at the site
were so slow that each jump occurred in a fixed, possibly
different environment, i.e., minor groove width. With a
distribution of widths at site j, the average Cj (eq 5) would
be an average of exponential decays exp (−kjt) over the static
distribution of different groove width structures, each structure
associated with its own kj, i.e., Cj(t) ≃ ⟨exp(−kjt)⟩. This is
similar to the slow modulation (inhomogeneous) limit in
Kubo’s spectral lineshape theory,63,64 where the heterogeneity
is maximal. The other extreme would be reached if the DNA
structural dynamics were so fast that the full groove width
distribution was sampled before the jump occurred, and jumps
took place with an average rate constant, thus suppressing any
observable heterogeneity in the dynamics for the site, leading to
the different exponential decay Cj(t) ≃ exp(−⟨kj⟩t). This
situation is analogous to the equilibrium solvation picture for
chemical reactions65 and to the fast modulation (homoge-
neous) limit in spectroscopy,63,64 where motional narrowing
hides the underlying heterogeneity.
Figure 7b shows that, in the A·T minor groove, the directly

simulated Cj decay lies between the very slow extremely
nonexponential static limit and the fast homogeneous decay,
both numerically determined with our model (eq 5). Therefore,
neither limiting situation applies. The reason for this is that
there is no real time scale separation, i.e., the time scales for the

Figure 7. (a) Jump TCF (eq 3) for water molecules in a bridging
configuration at the central acceptor site Σ of the DNA sequence, for
different initial minor groove widths. (b) Jump TCF Cj computed
respectively directly from the MD simulations (eq 3) (black) and from
the dynamical heterogeneity model (eq 5) (red), together with the
very fast (green dashes) and very slow (solid green) environment
dynamics limits. (c) Minor groove width TCF Cww(t) (eq 6) (red) and
jump TCF (eq 3) (black) at the central minor groove site Σ together
with a semilog representation in inset including short- and long-time
exponential fits of Cj (green dashes).
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groove width fluctuations and the H-bond jump are similar.
This similarity is evident in Figure 7c which shows a
comparison of the jump (eq 3) and groove width TCF

δ δ
δ

= ⟨ ⟩
⟨ ⟩

C t
t

( )
w(0) w( )

www 2
(6)

where δw(t) = w(t) − ⟨w⟩ is the instantaneous fluctuation of
the minor groove width w(t) with respect to its average ⟨w⟩.
This similarity underlines the importance of the DNA
conformational dynamics in the extent of this dynamical
disorder. We note that we have obtained similar results for
major groove sites. Although the major and minor groove
fluctuations are uncorrelated (see the Supporting Information),
the jump rate is found to vary with the major groove width and
the groove width fluctuates on a time scale similar to that of the
jumps. However, the resulting heterogeneity is more moderate
than in the minor groove for two reasons: the major groove is
typically broader than the minor groove and the approach of a
new H-bond partner is not as strongly dependent on the
groove widening (see Figure S12).
Our results also show that the static picture limitwhich is

widely used to describe biomolecular hydration dynamics and
interpret experimental data8,46,66,67is not valid here, because
that limit incorrectly assumes that the water dynamics is much
faster than the biomolecular conformational motions. This is
further supported by a series of direct simulations on frozen
DNA conformations, where the water dynamics are found to be
much slower than the average dynamics with a flexible DNA
(see Figure S13). These results unambiguously show that the
slow hydration dynamics do not arise from coupled water−
DNA motions. In addition, they demonstrate that minor groove
hydration dynamics cannot be modeled by exchanges between
two statesa wide-groove conformation where water dynamics
are fast and a narrow-groove state where water dynamics are
extremely slow15since this would lead to a biexponential
decay of Cj whose slow time scale would be the groove width
fluctuation time. In contrast, Figure 7c shows that even in
narrow grooves, water dynamics are not much slower than the
groove conformational dynamics and the Cj decay is not
biexponential (inset, Figure 7c).
We can further use this simple model to identify the

molecular factors that−even though DNA conformational
motions occur all along the sequence−cause the minor groove
heterogeneity to be much larger in the sequence center than at
the ends of the strand (Figure 6b). To this end, and for the sole
purpose of obtaining qualitative insights into this issue, we
make the rather crude second-order cumulant expansion
approximation (see, e.g., ref 64) for the stochastic survival
probability formulation of the jump TCF (eq 5), leading to62

∫δ≃ −⟨ ⟩ + ⟨ ⟩ − ′ ′ ′C t k t k t t C t t( ) exp[ ( ) ( )d ]j j j

t

kk
2

0 (7)

where ⟨kj⟩ is the static average of kj over the minor groove
width distribution and Ckk(t) is the TCF of the kj(t)
fluctuations around this average, Ckk(t) = ⟨δkj(0)δkj(t)⟩/⟨δkj

2⟩.
The comparison of the Cj decay rates in this representation at

short and long time delays provides an intuitive probe of the
departure from simple exponential decay and important aspects
of the degree of temporal heterogeneity. At very short delays,
its exponential relaxation rate is62 kshort = ⟨kj⟩; importantly, this
gives also the Cj(t) result for rapid width dynamics, and we will
use ⟨kj⟩ as our reference for the jump rate. At delays much

longer than τk the decay slows and becomes62 klong = ⟨kj⟩ [1−
(⟨δkj

2⟩/⟨kj⟩) τk], where ⟨δk
2⟩ and τk = ∫ 0

∞Ckk(t)dt respectively
provide the key measures of the amplitude and relaxation time
scale of the width fluctuations.
The disparity between kshort and klong described by

δ
τ

δ
τ− =

⟨ ⟩
⟨ ⟩

=
⟨ ⟩

⟨ ⟩
⟨ ⟩

k

k

k

k

k

k
k1 j

j
k

j

j
j k

long

short

2 2

2
(8)

thus measures the nonexponential character of Cj. It is the
product of two terms: the first, ⟨δkj

2⟩/⟨kj⟩
2, depends on the

(static) rate constant distribution’s relative width, and the
second, ⟨kj⟩τk, assesses the dynamical aspects via the jump and
structural fluctuation time scales. Dynamical disorder arises
from the combination of three concomitant factors: (i) the
presence of a broad distribution of kj rate constants, which is
sampled by (ii) conformational motions not fast enough to
sample the full distribution before (iii) the fast H-bond jump
occurs.
We now compare the values of each of these terms in eq 8

for the central site Σ where the heterogeneity is strong (δ =
1.2) and for site σ at the minor groove end where the
heterogeneity is much smaller (δ = 0.29). These numbers
should be considered only qualitatively since they involve an
approximate linear relationship between the model kj and w,
and require decomposing the water molecules into bridging and
nonbridging configurations (respectively donating two or one
H-bonds to DNA, as described above). We find that the
dynamical term ⟨kj⟩ τk varies little between the two sites (6.6 in
Σ vs 9.3 in σ) since the DNA conformational fluctuations at the
two sites induce similar jump rate fluctuation time scales (τk

Σ ≃
190 ps vs τk

σ ≃ 180 ps) and the jump rate constant is
moderately larger at the sequence’s end (⟨kj

Σ⟩≃ 35 ns−1 vs ⟨kj
σ⟩

≃ 52 ns−1). In contrast, the static fluctuation term ⟨δkj
2⟩/⟨kj⟩

2

exhibits a much larger variation (approximately 0.34 in Σ vs
0.03 in σ); this variation is due not to different amplitudes of
groove width fluctuations in the two sites, but rather to the
different sensitivities of kj to w, i.e. different β slope values. A
slight groove widening in the central Σ site has a much larger
impact on kj than the same broadening in the σ site where the
groove is already broader.
These results show that the temporal heterogeneity change

along the DNA base pair sequence is most likely due to
variation in the rate constant distribution’s width. We stress, to
avoid potential confusion, that the heterogeneity itself is of
dynamical origin, as we have shown, but its variation along the
minor groove is evidently due to a change in the static
distribution of jump rates rather than a change in the groove
dynamics.
A final comment is due concerning the potential implication

of the Na+ ions in the hydration dynamical heterogeneity we
have reported, since sodium ions can penetrate in the DNA first
hydration shell and replace water molecules in the minor
groove.36,68 Our results obtained with minimum salt conditions
show that while groove-bound water molecules exhibit faster
dynamics when in contact with an ion, such penetration is a
very exceptional event; in agreement with prior works40,69 (see
the Supporting Information), an ion is found at the minor
groove site σ in less than 2% of our simulation time (see Figure
S11). In addition and more importantly, the groove temporal
heterogeneity is found to persist in the absence of any ion in
the vicinity; this confirms that this dynamical disorder is not
due to the ion atmosphere.
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■ CONCLUDING REMARKS

The hydration layer of DNA is essential for its conformation
and its function. Its lability and dynamics can for example
significantly affect the binding of proteins and ligands, and the
intercalation of anticancer drugs. However, some key aspects of
this layer’s dynamical properties have remained very unclear,
including the presence of some very slow water molecules, and
if present, the cause of their slowness. We have presented here
a detailed analysis of, and provided important new insights into,
water dynamics in the DNA hydration shell, all informed by the
jump picture for these dynamics. We revealed the presence of
different sources of heterogeneity in the hydration shell
dynamics. We first showed that the hydration dynamics change
dramatically in the different DNA exposed sites, leading to a
strong spatial heterogeneity. The jump model was used to
distinguish the effects of the DNA interfacial topography and of
the DNA−water H-bond interactions. While most of the
hydration shell is only moderately retarded with respect to bulk
water by hydrophobic groups and by attraction to phosphate
groups, a small number of very slow water molecules with
reorientation times between 30 and 85 ps (slowdown factor
20−50) were found in the minor groove’s central adenine·
thymine-rich region.
Furthermore, we revealed here a new, additional source of

heterogeneity, which is especially strong for water molecules in
the spine of hydration running along the narrow DNA minor
groove. This additional, temporal heterogeneity is caused by
groove conformational fluctuations, which modulate the water
jump dynamics and lead to a broad distribution of water
reorientation times at a given DNA site in the minor groove.
While the presence of water affects the DNA conformation and
dynamics, our results showed that the minor groove water
dynamics are modulated by the slow DNA motions, because
the groove widening facilitates the approach of a new water
partner and accelerates the H-bond jump. This is in stark
contrast with suggestions that the dynamics of biomolecules are
slaved to their hydration shell,70 and our results demonstrate
that the widely used static limit which assumes that water
dynamics are much faster than biomolecular conformational
motions is not valid in the DNA minor groove and probably in
other confined biomolecular hydration sites.
Future work will extend the present study to DNA in

aqueous solutions with physiological ionic concentrations. We
anticipate that the impact of cations on the hydration shell
dynamic disorder will depend on both their residence
time68,71,72 and effect on the groove width36,73 (see Figure
S11). Finally, the detailed molecular understanding of DNA
hydration dynamics gained in the present work will be
extremely valuable in the study of how the slow water
dynamics can potentially induce a friction on the motion of a
ligand or a drug molecule and affect the binding and
intercalation kinetics.

■ METHODS
Molecular Dynamics Simulations. Two independent 200 ns

classical molecular dynamics simulations of the B-DNA dodecamer34

are performed in the NVE ensemble with the AMBER99-
parmbsc069,74 force field in a box of water molecules, with minimum
salt conditions. The parmbsc0 force-field corrections69 were shown to
provide a good description of the minor groove spine of hydration.75

The dodecamer is solvated in a box of 8756 water molecules described
by the SPC/E model, which correctly reproduces water dynamics at
room temperature.55 We use minimum salt conditions with 22 Na+

ions to neutralize the phosphate charges. The trajectory is propagated
with NAMD76 using a 1 fs time step. Periodic boundary conditions are
applied, and long-range electrostatic interactions are treated with the
particle mesh Ewald method. Nonbonded interactions are brought
smoothly to zero using a switching function from 10 Å to the cutoff of
12 Å. Bonds between hydrogen and heavy atoms are constrained using
the SHAKE and SETTLE algorithms.

Hydration Shell Definition. The hydration shell definition and
the spatially resolved analysis of hydration shell dynamics follow the
same methodology as that used for protein hydration shells in previous
work.44,45 The hydration shell is defined to include all the water OH
groups that are H-bonded to or within hydrophobic cutoff of the
dodecamer surface, as now explained. Each water OH group within the
shell is then assigned to a DNA surface site using the following
procedure. The dodecamer surface is divided into H-bond acceptor,
H-bond donor and hydrophobic sites. Hydrophobic radii and H-bond
geometric criteria are determined for each site from the first minimum
of the radial distribution functions between the water oxygen atom and
the relevant DNA atom. Typical resulting criteria are Rco < 4.5 Å for a
hydrophobic site, and Rda < 3.5 Å, Rah < 2.5 Å, and θhda < 30°, for a H-
bond, where c is a DNA carbon atom, o is a water oxygen atom, a is a
H-bond acceptor atom, d a H-bond donor atom, and h a DNA or
water hydrogen atom. Where the assignment of an OH group is
ambiguous, sites are given the priority acceptor > donor >
hydrophobe, as this has been shown in the protein case to be the
order of greatest influence on water reorientational dynamics.44 This
procedure is used to assign water OH bonds to a given DNA site at the
TCF time origin. Our study focuses on the first hydration shell,
because the dynamical perturbation induced by the DNA falls off
rapidly with distance from the surface (Figure S1). The analysis of
water and H-bond jump dynamics follow prior work.45,55 Further
details are given in the Supporting Information.

Definitions of DNA Sites Selected for Heterogeneity
Analysis. Our analysis of the temporal heterogeneity δ in the
AATT region is illustrated for 3 typical sites: a minor groove acceptor
site Σ where δ is large (δ = 1.2), a minor groove acceptor site σ where
δ is smaller (δ = 0.29), and a hydrophobic site η, that is well exposed
to the solvent (δ = 0.04). Σ is the H-bond acceptor O2 oxygen atom of
the thymine base occupying the 7th position in the dodecamer
sequence, in the narrow minor groove AATT region, which can be
viewed as a short A-tract (see Figures 1 and S4). Because of the
symmetry of the dodecamer sequence, site Σ is equivalent to the
thymine 19 site Σ′ on the opposite strand. The choice of Σ is
motivated both by the high temporal heterogeneity δ found at this site
and by the symmetry of the Σ and Σ′ sites which simplifies the kinetic
analysis of water dynamics. The low δ, minor-groove acceptor site σ is
the N3 atom of the guanine base occupying the fourth position in the
dodecamer sequence. The hydrophobic site η is the ribose C3′ atom
belonging to the fourth nucleotide in the dodecamer.
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